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Microplastics pollution in aquatic ecosystems has aroused increasing global concern, leading to an
explosive growth of studies regarding microplastics published in the past few years. To date, there is still
a lack of standardized methodologies used for the detection of microplastics within environmental
samples, thus hampering comparison of the reported data. This review summarizes the currently used
methodologies for sampling, extracting and identifying microplastics in three kinds of aquatic environmental matrices (water, sediment and aquatic biota) and includes a critical discussion of the advantages and limitations of these methodologies. The quality control and quality assurance measures
taken to reduce background contamination and validate analytical methods are also discussed. Finally,
this review highlights the current challenges and gives suggestions for the future research.
© 2018 Elsevier B.V. All rights reserved.
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1. Introduction
The sustained growth of the world's production and application
of plastic materials has led to a considerable amount of plastic
waste released into the terrestrial and aquatic ecosystems [1,2].
Under the combined effects of environmental physicochemical and
biotic factors, such as ultraviolet (UV) radiation, mechanical abrasion and microbial action, plastic debris will progressively degrade
into a myriad of secondary microplastics (less than 5 mm in size)
[1,3]. Microplastics can also be primarily manufactured at a tiny size
and eventually end up in the environment [3]. These microscopic
plastic particles have been reported to be ubiquitously present in
various environmental matrices of aquatic ecosystems across the
globe. Waters, sediments and aquatic animals from tropical areas to
polar regions of the earth were found to be contaminated with
microplastics at varying levels [3e5]. For instance, China's Three
Gorges Reservoir was discovered to have a microplastics concentration of up to 1.36  107 items per square kilometer of surface
water, which is the highest value ever reported in the available
literature [6]. The ﬁne size of microplastics makes them easily
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ingested by a diverse array of aquatic organisms at different trophic
levels [7]. Ingestion of microplastics by aquatic organisms can cause
a series of negative health impacts, such as mechanical injury, false
satiation, low growth rate, increased immune response, energy
depletion, blocked enzyme production, decreased fecundity,
oxidative stress, and even morbidity [7,8]. In addition, microplastics
could concentrate a considerable amount of waterborne toxic
pollutants, which may cause toxicological hazards to the aquatic
animals once these contaminated microplastics are consumed [7,9].
To attain a better understanding of the environmental effects of
microplastics, a rapidly increasing number of studies have focused
on monitoring microplastics quantitatively and qualitatively in
various aquatic ecosystems around the world [3,9]. Along with the
large-scale monitoring programs are a wide variety of operating
techniques employed for sampling, processing, identifying and
quantifying microplastics from different environmental matrices.
The inconsistence of operation protocols is the main problem that
impedes spatial and temporal comparisons among the available
data. Unfortunately, until recently, there have been no standardized
methodological criteria for sampling and subsequent analysis
procedures for the microplastics monitoring work. The main
objective of this article is to give a comprehensive overview on
sampling, handling and instrumental analysis methods currently
used for detection of microplastics in water, sediment and biological samples. Advantages and limitations of these methods and the
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quality control and quality assurance approaches throughout the
whole sample process are also discussed. By summarizing these, we
aim to promote future monitoring programs for microplastics in
aquatic environments.
2. Literature review
An extensive literature review was performed using databases
such as ISI Web of Knowledge, Science Direct and Google Scholar.
The search keywords included “microplastics”, “plastics”, “microlitter”, “microbeads”, “plastic debris”, “plastic fragment”. The
database was searched for studies published up to 2018. Reference
lists of the retrieved publications were also checked in order to
trace back to other relevant literatures. Ultimately, a total of 49
literatures were selected based on the subjects of these literatures
regarding environmental matrices (e.g., water, sediment, and
biota), sampling strategies, sample handling procedures, and
analytical methods for identiﬁcation and quantiﬁcation.
3. Sample collection
Microplastics are nearly ubiquitously present in the water surface layer, the water column, beaches, benthic sediments, and
various kinds of aquatic organisms [7,9,10]. The selection of sampling method largely depends on the matrices to be sampled and
the size limitation of microplastics to be targeted. Generally, there
are mainly three sampling strategies utilized to collect microplastic
samples from the aquatic environment: selective sampling, bulk
sampling and volume-reduced sampling [11].
Selective sampling is applicable in cases where the plastic items
are large enough for identification with the naked eye and thus can
be extracted directly from environmental matrices. This process is
simple and straightforward. The main disadvantages of this sampling strategy are that the size limitation of detectable microplastics is high, and less obvious items are easily overlooked
particularly when they are mixed with other debris [12]. Bulk
sampling refers to collecting the entire sample without reducing its
volume during the sampling process. In theory, all microplastics
within the sample, regardless of their size and visibility, can be
captured using this method. However, bulk sampling only allows a
relatively small amount of a sample to be collected, which may
negatively affect the representativeness of the sample [11]. The

volume-reduced approach, on the contrary, refers to reducing the
entire volume of a bulk sample by fast ﬁltration during sampling
and preserving only a small fraction of the sample for subsequent
analysis. Therefore, volume-reduced sampling is advantageous for
covering large quantities or areas of samples during sampling [12].
The disadvantage of this method is that by fast ﬁltration, the majority of the sample is discarded, which can result in a substantial
loss of microplastics, particularly those with a size smaller than the
mesh size of sampling tools. For the three sampling strategies, selective method is usually applied in beach sampling [13], bulk
method is mainly used to collect sediment samples [14] and occasionally water samples [15], while volume-reduced method
seems to be the most popular approach for water samples [16,17].
The bulk and volume-reduced samples require further processing
under laboratory conditions.
3.1. Water samples
Water samples can be collected from the water surface or the
water column at speciﬁc depths. There are a variety of approaches
employed for the sampling of microplastics in water, the majority of
which are based on the volume-reduced method (Table 1). For
surface water sampling, manta trawls and neuston nets are the
most commonly used equipment, while for water column sampling, plankton nets, bongo nets, continuous plankton recorders
(CPR), multiple openingeclosing nets, and near-bottom trawls are
the major techniques [12,18]. There are some alternative tools that
are occasionally used in surface water or water column sampling
for microplastics, such as plankton traps, water collection bottles,
or water intake pumps [12]. Mesh size of the sampling tools varies
from tens of microns to millimeters, with the most common
aperture size being 333 mm. Abundances of microplastics recovered
from the water matrix are directly inﬂuenced by the mesh size of
the sampling tools. It was estimated that an 80 mm mesh could
retain up to 250 times higher concentration of plastic ﬁbers than
that of a 330 mm mesh [19]. It should be noted that most of the
currently used sampling techniques are only applicable to collection of microplastics with certain size ranges. The employment of
sampling tools with different mesh sizes makes it difﬁcult to
compare the available monitoring data. Units of measurement for
abundances of microplastics in water can be present as the number
of particles per km2 [16,20] or m3 [17,21] of water.

Table 1
Studies on microplastics pollution in water samples.
Location

Sampling

Identiﬁcation

Abundance

Turkish territorial waters of the
Mediterranean Sea
Ross Sea (Antarctica)

Collected by a manta net (333 mm mesh)

Stereomicroscope, FTIR

16339e520213 particles km

5 m depth: Collected by the saltwater intake
pump system of vessel and then passed
through a glass fiber filter (1 mm mesh)
11 m depth: Collected by a centrifugal
pump and then passed through stainless
steel sieve (250 mm mesh)
Collected by a plankton net (153 mm mesh)
Collected by a manta trawl (333 mm mesh)

FPA-FTIR

0.17 ± 0.34 particles m

3

[21]

Stereomicroscope, micro-FTIR

1.15 ± 1.45 particles m

3

[68]

Stereomicroscope, ATR-FTIR
Stereomicroscope, SEM-EDS

51e27909 particles m 3
193420 ± 115567 particles
km 2
1660.0 ± 639.1e8925 ± 1591
particles m 3

[14]
[69]

15520e4721709 particles
day 1
0.55  105e342  105 particles
km 2

[70]

Atlantic Ocean

Victoria Harbor, Hong Kong
Lake Winnipeg, Canada

Stereomicroscope, FTIR

Nine rivers in Illinois, USA

0e20 cm depth: Collected by a Teﬂon pump
and then passed through a steel sieve
(50 mm mesh)
Collected by a neuston net (333 mm mesh)

Xiangxi Bay of Three Gorges
Reservoir, China

0e30 cm depth: Collected by a trawl net
(112 mm mesh)

Stereomicroscope, MicroRaman

Wuhan urban lakes, China

Stereomicroscope, PyreGC-MS

Ref.
2

[16]

[17]

[20]

FTIR: Fourier transform infrared spectroscopy; FPA-FTIR: focal plane array-Fourier transform infrared spectroscopy; micro-FTIR: Fourier transform infrared microspectroscopy; ATR-FTIR: attenuated total reﬂectance-Fourier transform infrared spectroscopy; SEM-EDS: scanning electron microscopy-energy dispersive X-ray spectroscopy; Pyr-GC-MS: pyrolysis-gas chromatography-mass spectrometry; Micro-Raman: Raman microspectroscopy.
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3.2. Sediment samples
Sediments have been considered as the long-term sink for
microplastics [10,22]. Sediment samples are generally collected
from the beach or water bottom (Table 2). In beach sampling for
microplastics, sampling work can be practiced on the whole beach,
within several separate zones, or along a transect, such as horizontally along the latest drift line, or vertically from the water edge
to the backshore of the beach [12,23]. There is no consistency in the
sampling depth for beach samples, but the ﬁrst 5 cm seems to be
the most commonly investigated [23]. Selective method is
frequently performed in beach sampling, using tweezers [24],
metal shovels [13], or directly by hand [25], to collect larger plastic
particles (mostly 1e5 mm in size) that are visually identifiable.
Undoubtedly, exclusion of the smaller plastics can cause a considerable underestimation of microplastic abundances being reported.
Bulk sampling is an admirable method with which to capture the
smaller microplastics in beach samples. However, bulk samples
tend to contain large amounts of unwanted materials, thus enormously increasing the handling workload. Subtidal sediment
samples can be obtained using metal grabs or box corers [26,27].
Since the distribution of microplastics in subtidal sediments is
highly heterogeneous, it is recommended to conduct several replicates in order to obtain a representative sample, especially when
utilizing the point-to-point samplers, such as a corer or a grab.
Diversity of sampling approaches has caused variations in the
quantiﬁcation units of microplastics for sediment samples. In terms
of reporting the results, the abundance of microplastics in sediments can be exhibited as the number of microplastics per units of
dry or wet weight (g or kg) [26,28], area (m2) [29], or volume (mL, L
or m3) [30] of sediment, thereby complicating the comparison
between studies.
3.3. Biological samples
There is increasing evidence that microplastics can be ingested
by various aquatic animals at different trophic levels. Due to the
diversity of the studied organisms and the habits where the organisms are sampled, a large variety of techniques have been
employed for sampling the biologically ingested microplastics
(Table 3). For instance, zooplankton can be collected with a bongo
net [31], ﬁsh species can be obtained with the pelagic net, trawl,
electroﬁsher, or from the local ﬁshermen [5,20,32], crustaceans
such as shrimp can be captured with bottom trawls, creels, or traps
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[33,34], and bivalves such as mussels and oysters can be acquired
by hand, with a mussel trawl, or directly purchased from a store
[35]. There are also several studies that did not specify the sampling
method, especially when targeting large aquatic animals such as
the whales, sharks, turtles, and seals [36e39]. The currently widely
used qualiﬁcation units of microplastics in aquatic organisms
include the number of microplastics by weight of organisms [40],
the number of microplastics per individual [41], or the percentage
of individuals containing ingested microplastics [20].
4. Sample preparation
After sampling, microplastics contained in the samples must be
extracted for subsequent quantiﬁcation and identiﬁcation. Techniques involved in extracting microplastics from other unwanted
materials mainly include density separation, sieving, digestion, and
ﬁltration.
4.1. Density separation
Density separation exploits the density difference between materials of interest and other unwanted materials, using the buoyant
force of a liquid with an intermediate density to separate the lighter
materials from the denser after a thorough shaking and settling of
the mixture materials in the liquid. Density separation is a
commonly applied method to isolate microplastics from environmental samples, particularly sediment samples [4,11]. The speciﬁc
densities for most plastics range from 0.8 to 1.70 g cm 3, while
average densities for sand or other deposits are typically
2.65 g cm 3. The most frequently used salt solution for the density
separation process is saturated sodium chloride (NaCl) solution
(1.202 g cm 3), because NaCl is inexpensive and eco-friendly [10,42].
It is appropriate to use the NaCl solution to extract the low-density
microplastics, such as polyethylene (PE, 0.917e0.965 g cm 3),
polypropylene (PP, 0.85e0.94 g cm 3) and polystyrene (PS,
1.04e1.1 g cm 3) [23,43]. However, for separation of denser microplastics, such as polyvinylchloride (PVC, 1.3e1.7 g cm 3) and polyethylene terephthalate (PET, 1.4e1.6 g cm 3), the saturated NaCl
solution are less efﬁcient, which thus leads to underestimation in
qualiﬁcation of microplastics.
To address this issue, some high-density salt solutions, such as
solutions of sodium iodide (NaI, 1.8 g cm 3), zinc chloride (ZnCl2,
1.5e1.7 g cm 3), and sodium polytungstate (SPT, 1.4 g cm 3), have
been successfully employed in many studies and considerably

Table 2
Studies on microplastics pollution in sediment samples.
Location

Sampling

Extraction liquid

Identiﬁcation

Abundance

Lake Garda, Italy

Beach (4e6 L):
Sediment corer
Beach (3 dm3): Metal
Plastering trowel
Beach (0e2 cm depth,
20 cm  20 cm
quadrat): Metal shovel
Subtidal: Van Veen grab

ZnCl2 solution

Micro-Raman

75 ± 134 particles m

Sodium polytungstate
solution
Potassium formate
solution

Binocular light microscope,
Micro-ATR-FTIR, Micro-Raman
Stereomicroscope, MicroRaman

e

NaCl solution

Binocular light microscope,
Micro-FTIR
Micro-Raman

Warnemünde,
Germany
Siling Co basin, China

Belgium coastal zone
Atlantic Ocean and
Mediterranean Sea
Victoria Harbor, Hong
Kong
Tributaries of the River
Thames, UK
Taihu Lake, China

Subtidal (25 cm2):
Multicorer
Subtidal (3 kg): Ekman
dredge
Subtidal (10 cm depth):
Stainless steel scoop
Subtidal (2 kg):
Peterson grab

NaI solution
NaCl solution
ZnCl2 solution
NaCl solution

Stereomicroscope, ATR-FTIR
Binocular light microscope,
Micro-Raman
Stereomicroscope, Micro-FTIR,
SEM-EDS

Ref.
2

[29]
[63]
2

[13]

dry weight

[26]

<4e563 ± 1219 particles m

390 particles kg

1

2

0.5 particles 25 cm
49e279 particles kg
66 particles 100 g

[27]
1

dry weight

1

11.0e234.6 particles kg

[14]
[28]

1

dry weight

[51]

Micro-Raman: Raman microspectroscopy; micro-FPA-FTIR: focal plane array-Fourier transform infrared microspectroscopy; micro-FTIR: Fourier transform infrared microspectroscopy; ATR-FTIR: attenuated total reﬂectance-Fourier transform infrared spectroscopy; SEM-EDS: scanning electron microscopy-energy dispersive X-ray spectroscopy.
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Table 3
Studies on microplastics pollution in aquatic biological samples.
Biota
Zooplankton
Calanoid copepod
(Neocalanus cristatus)
and euphausiid
(Euphausia paciﬁa)
Fish
Brown trout (Salmo trutta)

13 ﬁsh species
Crustacean
Norway lobster
(Nephrops norvegicus)
Brown shrimp
(Crangon crangon)
Bivalve
Asian clam
(Corbicula ﬂumine)
Oyster
(Crassostrea gigas)
Polychaete
Lugworms
(Arenicola marina)

Location

Sampling

Extraction

Identiﬁcation

Abundance

Ref.

Northeast Paciﬁc Ocean

Collected by Bongo nets

HCl:HNO3 (1:1 v:v) and
HCl:H2O2 (1:1 v:v)
digestion of the whole
body

Stereomicroscope

1 particle per 34
copepods and 1 particle
per 17 euphausiids

[31]

Swedish west coast

Collected by
electroﬁsher

Stereomicroscope,
Raman

68% of analyzed ﬁsh
contained microplastics

[5]

Xiangxi Bay of Three
Gorges Reservoir, China

obtained from local
ﬁsherman

Proteinase-K and then
H2O2 digestion of the
gastrointestinal tract
10% KOH digestion of
gastrointestinal tract

Stereomicroscope,
Micro-Raman

25.7% of ﬁsh samples
contained microplastics

[20]

Clyde Sea

Collected by a trawl net
Collected by a shrimp
trawl

Microscope, SEM,
Micro-Raman
Stereomicroscope

83% of animals
contained plastics
1.23 ± 0.99 particles per
individual

[33]

Southern North Sea and
Channel area

The stomach was
separate for analysis
HNO3:HClO4 (4:1 v:v)
digestion of the whole
body

Taihu Lake, China

Collected by a bottom
fauna trawl

H2O2 digestion of soft
tissue

0.2e12.5 particles g
wet weight

1

[51]

France

Obtained from the
supermarket

69% HNO3 digestion of
the whole body

Stereomicroscope,
Micro-FTIR, SEMEDS
Microscope, MicroRaman

0.477 ± 0.16 particles
g 1 wet weight

[40]

French-Belgian-Dutch
North Sea coast

Collected by a baitpump or shovel

69% HNO3 digestion of
soft tissue

Microscope, MicroRaman

1.2 ± 2.8 particles g
wet weight

1

[71]

[41]

Raman: Raman spectroscopy; Micro-Raman: Raman microspectroscopy; SEM: scanning electron microscopy; SEM-EDS: scanning electron microscopy-energy dispersive
X-ray spectroscopy.

increased the extraction efﬁciency for the high-density microplastics (Table 2). Nevertheless, the high-density salts are generally
expensive, and some are environmentally hazardous. Repeating the
extraction process is another effective way to attain better recovery
of microplastics from the sample matrices [44]. For instance,
extraction efﬁciencies of PE microplastics from sediment samples
using a NaCl solution can achieve 61%, 83% and 93% for the ﬁrst,
second and third extraction, respectively [43]. Therefore, for the
purpose of achieving higher extraction efﬁciency and minimizing
environmental pollution, it is recommended to recycle heavy salt
solutions and repeat the extraction process.
4.2. Sieving
Sieving is another frequently used method for isolating microplastics from water and sediment matrices. The sieves are usually
made of metal, like stainless steel or copper [23]. The sieve physically captures the solid materials that are larger than the mesh size
and allows water and smaller particles to be removed from the
sample. The mesh size of sieves mainly depends on the desired size
range of microplastics to be collected, with the majority ranging
from 0.035 to 4.75 mm [11,27,43]. Water samples can be sieved
directly, or may undergo a digestion step prior to sieving in cases
when the sample contains large amounts of biological materials
[45]. For sediment samples, sieving assists in reducing the sample
volume for subsequent extraction [45]. To separate microplastics
into several size categories, multi-tier sieving has been successfully
employed in numerous studies by using a series of sieves with a
decreasing mesh size through which to pass the sample [12]. After
sieving, particles with different size ranges are retained on different
sieves.
4.3. Digestion
Samples collected from the natural environment inevitably
contain dense amounts of naturally occurring organic materials,
such as zooplankton, phytoplankton, remnants of aquatic

organisms, or bioﬁlms (e.g., brown algae or bacterial ﬁlm) attached
to the surface of plastic particles, which can introduce great challenge to accurate identiﬁcation and characterization of microplastics. Digestion is a process aiming at removing the interfering
organic materials within the environmental samples. Several
techniques have been developed for the biomaterial dissolution
process, which typically uses oxidizers, acids, or alkaline substances
[23,43].
For water and sediment samples, hydrogen peroxide (H2O2) has
been frequently applied for the digestion of natural organic debris.
A treatment of the dried sediment samples, residues on the ﬁlters
after ﬁltration, or the microplastics themselves using 30% H2O2
solution can remove large amounts of the organic impurities [46].
The mixtures of H2O2 and other agents such as sulfuric acid (H2SO4)
or Fe(II) solution can rapidly eliminate the natural organic matters
within the samples [47]. The use of mineral acids or alkalis has also
proved to be effective in disintegrating the interfering organic
fragments [44,48]. In some cases, rinsing with distilled water and
ultrasonic cleaning are also used to eliminate the organic or inorganic surface adherents from the microplastic particles [23].
For biotic samples, one of the most commonly used methods to
digest biological tissues is acid digestion, using strong oxidizing
acids, such as nitric acid (HNO3), perchloric acid (HClO4), hydrochloric acid (HCl), or a mixture of the above (Table 3). Compared
with HCl and H2O2, HNO3 is more efﬁcient in digesting biological
tissues, especially when heat is applied [31,48]. The most successful
method involves an acid blend, using a mixture (1:4, v:v) of 68%
perchloric acid (HClO4) and 65% nitric acid (HNO3), which can
completely remove biological tissues and other natural debris and
leave only plastics and silica behind after digestion [35]. Other
commonly employed methods for biomaterial digestion typically
involve the use of strong bases. For instance, 10% potassium hydroxide (KOH) has been successfully used to isolate microplastics
from the digestive tracts of ﬁsh species and bivalves [49,50]. In
addition, some oxidizing agents such as H2O2 and sodium hypochlorite (NaClO) have also been adopted for dissolution of the
biological tissues in microplastics research [32,51].
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However, caution must be used when employing the chemical
digestion approaches, since although these chemical digestants
can successfully remove biological materials from samples, they
may also have some detrimental effects upon the microplastics
themselves, which can cause a signiﬁcant loss of microplastics of
certain shapes or polymer types [43,45]. To avoid possible damage
to the microplastics themselves, a promising method involves
using the enzymes as an alternative to chemical reagents in the
digestion process. An attempt at enzymatic digestion has been
made by using the proteolytic enzyme Proteinase-K, which successfully removed 97% of the biomaterials by weight from the
sample without destroying any plastic particles [52]. Other technical enzymes such as proteinase, cellulase, amylase, lipase, and
chitinase have also exhibited a satisfactory digestion efficacy for
biological impurities [53].
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ﬂuorescence microscope [11,23]. Visual identiﬁcation is an appropriate method for high volume samples, especially in cases where
expensive analytical instruments are not available. However, there
always exists a potential for bias when identifying microplastics
visually and the quality of identiﬁcation results depends on many
factors, such as the subjectivity of the examiner, the sample matrix,
the particle shape and size, and the microscope used for inspection
[45,56]. In addition, weathered microplastics may have some
changes in morphology, making visual identiﬁcation even more
challenging [55]. As the size of the particles being examined decreases, the possibility of misidentiﬁcation by optical techniques
increases considerably [55]. These drawbacks combine to introduce
a high error rate to the visual identiﬁcation results [11,45]. Therefore, utilizing some spectroscopic instruments or other analytical
techniques to conﬁrm the identity of suspected microplastics is
recommended, especially for the smaller items.

4.4. Filtration
5.2. Scanning electron microscopy (SEM)
Filtration is an effective approach commonly employed to
separate microplastic particles from liquids (e.g., bulk water samples or supernatant solutions obtained from the density separation
process) by use of a ﬁlter medium that allows only liquid to pass
through. The media utilized for ﬁltration include glass ﬁbers as the
most frequently used ﬁlter, and some other ﬁlters such as nitrocellulose, polycarbonate membranes, zooplankton ﬁlters, or isopore ﬁlters [11,23,42]. The pore size of ﬁlters generally varies from
0.45 to 20 mm [17,43,54]. Although ﬁltration is a simple process for
separating microplastics from liquids, complications often arise
because the liquids are full of various kinds of microscopic particulates or debris, which can rapidly clog the ﬁlter media and thereby
lower its effectiveness [43]. This drawback can be alleviated by
several helpful measures, such as reducing the solution volume,
settling liquids for a longer time to facilitate the separation of
heavier solid particles from the supernatant, performing a preﬁltration step using a ﬁlter with a larger pore size, or adding
some chemicals (e.g., ferrous sulfate) to the liquid to ﬂocculate the
solid fraction [43]. To minimize the loss of microplastics due to their
adherence to the walls of the laboratory ware, rinsing the walls of
glassware on the ﬁlter repeatedly during the ﬁltration process is
recommended [23].

Scanning electron microscope (SEM) can provide highresolution images of a sample by ﬁring a high-intensity electron
beam at the sample surface and scanning it in a raster scan pattern.
Surface details (<0.5 nm resolution) of the sample are imaged by
the electrons at very high magniﬁcations. Potential microplastics
can be differentiated from other organic or inorganic impurities by
examining the high resolution images of their surface morphology
under SEM [55]. SEM can also be used to analyze the weathering
progress of microplastics recovered from natural environment by
examining the featured surface textures, like cracks and pits, on
these plastic particles [13]. The combined use of SEM and energydispersive X-ray spectroscopy (SEM-EDS) is able to provide
detailed information about the elemental composition of microplastics and the inorganic additives they contain [55,57]. Utilization
of SEM-EDS aids in further differentiating natural materials from
microplastics via imaging and elemental analysis, which thereby
narrows the amount of particles needed for spectroscopic analysis
[57]. Although SEM has been successfully used to examine the
surface characteristics of microplastics, this technique requires
considerable time and effort for sample pre-preparation and thus is
not applicable for handling of large number of samples.

5. Identiﬁcation of microplastics

5.3. Fourier transform infrared (FTIR) spectroscopy

Following ﬁeld collection and laboratory preparation of samples, target microplastics need to be accurately identiﬁed from the
remaining matrix. The most commonly used approach for identiﬁcation of microplastics consists of visual inspection of possible
plastics followed by chemical analysis of the polymeric composition, usually involving a combined use of optical and spectroscopic
or thermo-analytical techniques (Tables 1e3).

Fourier transform infrared (FTIR) spectroscopy can provide a
unique infrared spectrum for a speciﬁc chemical bond. Different
materials have different bond compositions, making it possible to
identify an unknown substance by comparing its spectrum with the
spectra of known materials. Due to its high reliability, FTIR has
become one of the most commonly used techniques in chemical
characterization of microplastics recovered from environmental
samples [18,58]. In monitoring programs for microplastics, FTIR is
used mainly in two ways: scanning all the suspected particles [30],
or analyzing a set of subsamples to validate the visual identiﬁcation
results [17]. Although there is no doubt that increasing the number
of suspected particles to be analyzed using the FTIR can enhance
the accuracy of data, limiting factors such time and cost should be
taken into account. FTIR can not only accurately identify the polymer types of microplastics, but also provide further information
about physiochemical weathering of microplastics by analyzing
their oxidation intensity [59]. However, FTIR is only capable of
identifying the polymeric composition of microplastics with a size
of >10e20 mm and may lose applicability in cases where the target
particles are smaller than its aperture size [47]. Furthermore, conﬁrming the identity of suspected microplastic particles using FTIR is
a time-consuming work and sometimes requires a highly

5.1. Optical techniques
Visual identiﬁcation is the simplest and most commonly used
technique in identiﬁcation of microplastics, which can be achieved
by naked-eye observation or with the aid of an optical microscope
(typically a stereomicroscope). Shapes and colors are the main basis
to determine whether a suspected item is microplastic [55]. To
improve the accuracy of identiﬁcation results, a series of selection
criteria are recommended to be strictly followed when visually
examining the microplastics: suspected particles or ﬁbers have no
visible organic or cellular structures, ﬁbers should have consistent
thickness and color along the entire length, particles are clear and
uniformly colored, and transparent and white particles should be
further conﬁrmed under a high-magniﬁcation microscope or a
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experienced operator. Anyhow, FTIR remains a promising technique for chemical identiﬁcation of environmental microplastics.
The optimized technologies of FTIR, such as FTIR microspectroscopy (micro-FTIR), attenuated total reﬂectance-FTIR (ATRFTIR), and focal plane array (FPA)-FTIR spectroscopy (FPA-FTIR),
have also been increasingly utilized in microplastics research
worldwide. Micro-FTIR facilitates the detection of smaller particles
(>10 mm). ATR-FTIR allows large (>500 mm) and irregularly shaped
particles to be directly analyzed without a sample preparation step
[45]. FPA-FTIR can offer an unbiased high throughput analysis of all
plastic particles (>20 mm) by scanning the ﬁlter paper with a high
degree of lateral resolution [60]. FTIR imaging in transmittance
mode as very common FPA-FTIR technique enables chemical and
physical characterization of the analyzed particles simultaneously
and is thus gaining increasing application in detection and identiﬁcation of microplastics within environmental samples [55,61].
Compared with FTIR, FPA-FTIR is much faster in detection of
microplastics, but the instrumentation is more cost-intensive and
requires a high processing power [47].
5.4. Raman spectroscopy
Raman spectroscopy is another frequently used and highly
reliable technique for polymer identiﬁcation of microplastics from
various environmental matrices [62]. Identiﬁcation of microplastics
with Raman spectroscopy is undertaken by irradiating monochromatic laser beam onto a suspected sample, which results in a
different frequency of the backscattered light due to absorption,
scatter or reﬂection by the sample's speciﬁc molecular structure
and atomic composition [55]. This so-called Raman shift can produce a unique spectrum for each polymer. Raman spectroscopy
enables non-destructive chemical characterization of microplastics,
which is highly advantageous in cases where further analysis is
needed for the samples [58]. Some of the advantages of FTIR are
shared by Raman spectroscopy, such as high reliability, possibility
for high throughput screening, low sample amount requirement,
and environmental friendless [62]. Relative to FTIR techniques,
Raman spectroscopy is advantageous in higher spatial resolution,
wider spectral range, narrower spectral bonds, and lower sensitivity to water interference [62,63]. A combination of Raman
spectroscopy with microscopy (micro-Raman) makes it possible to
identify microplastics down to 1 mm in size, which is extremely
challenging for other spectroscopic techniques to achieve [55]. It is
practical to obtain spatial chemical images of the whole sample at a
spatial resolution of <1 mm by use of micro-Raman spectroscopy
coupled with Raman spectral imaging equipment [45]. Raman
spectroscopy can also be combined with confocal laser scanning
microscopy to locate microplastics within biological tissues [64].
The main drawback of Raman techniques is that it is easily interfered with by the presence of additives, pigments or attached
chemicals associated with microplastics, which may negatively
affect the identiﬁcation accuracy [47]. In addition, the signal to
noise ratio of Raman spectroscopy is inherently low and thus may
increase the difﬁculty of spectrum analysis [62]. However, this does
not prevent Raman spectroscopy from being a powerful analytical
technique in microplastic research.
5.5. Pyrolysisegas chromatographyemass (Pyr-GC-MS)
spectrometry
Pyrolysisegas chromatographyemass (Pyr-GC-MS) spectrometry is a destructive technique that has also been successfully
employed in chemical identiﬁcation of environmental microplastics by analyzing their thermal degradation products [57]. The
polymer types of microplastics can be determined by comparing

their characteristic pyrograms with reference pyrograms generated
by known pure polymers [45]. Pyr-GC-MS allows direct introduction of solid polymer particles with minimal sample pretreatment.
In contrast with ATR-FTIR microspectroscopy, a signiﬁcant advantage of Pyr-GC-MS is the capability of simultaneously providing
detailed information about the chemical composition of the polymer and contained organic additives [65]. In addition, Pyr-GC-MS is
not sensitive to the shape, size, and associated organic or inorganic
contaminants of the analyzed particles [65]. Only a small amount of
sample (100e500 mg) is needed for one measurement, indicating
that Pyr-GC-MS is applicable for trace analysis [66]. However, this
technique requires only one particle to be analyzed per cycle and
the time needed for one measurement ranges from 30 to 100 min,
which inevitably limits its applicability for analysis of large sample
quantities [65]. In view of the fact that potential microplastic particles have to be manually inserted into the pyrolysis tube, only
particles that are large enough (>100 mm) to be manually manipulated are suitable to be analyzed by the Pyr-GC-MS [67]. To
circumvent these problems, variants of Pyr-GC-MS have been used
to develop novel techniques, such as thermal extraction and
desorptionegas chromatographyemass spectrometry (TED-GCMS) [66]. TED-GC-MS combines thermal extraction with thermogravimetric analysis (TGA) and thermal desorption gas chromatography mass spectrometry (TD-GC-MS), making it possible for
fast measurement of microplastics of certain polymer types in
environmental samples [66]. Compared with spectroscopic
methods, the major disadvantages of the thermo-analytical techniques are that they are destructive, only capable of chemical
characterization, but fail to provide detailed information about
morphological properties of the analyzed microplastics, such as
particle size and size distribution [47,65]. In this context, it is recommended that thermo-analytical methods serve as complementary techniques to the spectroscopic methods in order to achieve
integrated analysis of microplastics.
6. Quality assurance and quality control (QA/QC)
When conducting monitoring programs on microplastics, it is
essential and of vital importance to take rigorous quality assurance
and quality control (QA/QC) measures during the whole simple
process, in order to improve the quality of data. Barriers involved in
the detection of microplastics recovered from the natural environment mainly include contamination and under- or overestimation [42]. In ﬁeld sampling, to obtain representative samples
is crucial for accurate assessment of microplastic abundance in the
studied area, which requires an appropriate sampling tool and
implementation of a carefully designed sampling strategy [12].
Replicate samples can also help to enhance the reliability of
monitoring data.
Background contamination (e.g., airborne ﬁbers) can cause
considerable overestimation to the quantitative results of environmental samples [49]. To check the background contamination, a
series of procedural blank tests should be conducted during sampling and laboratory handling process [4,18]. For instance, potential
airborne contamination can be examined by ﬁltering the air of the
workplace through the ﬁlter paper for a certain period of time
under vacuum condition [17]. Some preventive measures, such as
wearing latex gloves and pure cotton clothes, rinsing experimental
apparatuses carefully, and keeping the workplace clean, are also
helpful to reduce background contamination [4,17]. Recovery of
microplastics can be tested with spiked blanks by spiking clean
environmental samples (e.g., sediments) with known concentrations of plastic particles and then subjecting the spiked samples to
extraction [18]. It is recommended that the spiked plastics
comprise similar shapes, size ranges and polymer types to that of
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the target microplastics, since these factors can substantially affect
the extraction efﬁciency.
A number of studies have demonstrated that some digestive
agents, such as H2O2 and strong oxidizing mineral acids (e.g., HNO3
or HClO4), particularly when at high concentrations or high temperatures, can cause damage or complete dissolution of certain
kinds of exposed polymers, thereby obscuring samples or resulting
in underestimation [34]. It is therefore imperative to conduct a
comprehensive test to determine the potential effects of the
applied chemical digestants on plastics prior to using them for
sample digestion. Visual examination of microplastics should
follow strict selection criteria as mentioned above, in order to
reduce false identiﬁcation. Inclusion of some spectroscopic techniques in chemical characterization of microplastics as much as
possible can signiﬁcantly aid in improving the accuracy of identiﬁcation results.
7. Conclusions
Microplastics are nearly ubiquitously present in different
matrices of the aquatic environment [3,5,9]. This review collated
the currently used techniques for monitoring microplastics in three
aspects of the aquatic environment: the water, sediment and
aquatic biota. The inconsistence of approaches employed in global
monitoring programs for microplastics is the main problem that
impedes large-scale spatial and temporal comparisons of the exiting data [4,11,45]. Therefore, one basic issue that needs to be urgently addressed is the establishment of standardized
methodologies for the operating procedures involved in the cycle of
assessing environmental microplastics from ﬁeld sampling to laboratory analysis.
Although sampling in itself is not challenging, collecting
representative samples requires careful design, especially in regard
to beach sampling. Future research needs to account for many
factors, such as sampling locations, sampling techniques (e.g.,
sampling tools and mesh sizes), and number of replicates, when
conducting a ﬁeld sampling study. Extraction efﬁciency of microplastics from the environmental matrices largely depends on the
employed extraction solution. It is recommended to reutilize some
heavy salts (e.g., ZnCl2) and repeat the density separation procedure for the purpose of raising extraction effectiveness and minimizing environmental hazards. It is necessary to remove the
naturally occurring impurities from the plastics before visual and
spectroscopic identiﬁcation. Compared with chemical digestants,
the use of enzymes can not only effectively digest the interfering
organic matter, but will do little harm to microplastics. Visual
counting is a mandatory step for quantitative analysis of microplastics. However, in light of the fact that visual method alone can
introduce high misidentiﬁcation rate as the size of particles decreases, it is therefore essential to conduct subsequent spectroscopic analysis to validate the identiﬁcation results, for which FTIR
and Raman spectroscopies are the most promising techniques. The
combined use of spectroscopic techniques and some extended
equipment (e.g., FPA-FTIR and TED-GC-MS) can largely increase the
efﬁcacy of identiﬁcation.
Future research should focus on establishing standardized
methodologies for sampling and extracting microplastics from
environmental matrices and developing highly efﬁcient analytical
techniques (e.g., fully or semi-automated analytical technologies)
to facilitate rapid and accurate identiﬁcation and quantiﬁcation of
microplastic particles. In addition, in order to estimate the
ecological risks of these microscopic plastic particles, there is an
increasing demand to develop reliable and efﬁcient tools and
analytical methods capable of adequately detecting and quantifying plastic particles at micron- or even nano-scales in
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environmental samples. This review seeks to offer a comprehensive understanding of sampling and analytical techniques
currently used in the microplastics monitoring programs conducted in aquatic environments and is intended to contribute to
establishing standardized methodologies to assess the magnitude
of this issue at global level.
Acknowledgements
This project was supported in part by Funding Project of SinoAfrica Joint Research Center, Chinese Academy of Sciences
(Y623321K01), the Hundred Talents Program of the Chinese
Academy of Sciences (Y329671K01) and Natural Science Foundation of Hubei Province of China (NO. 2016CFB284).
References
[1] D.K.A. Barnes, F. Galgani, R.C. Thompson, M. Barlaz, Accumulation and fragmentation of plastic debris in global environments, Philos. Trans. R. Soc. Lond.
B Biol. Sci. 364 (2009) 1985e1998.
[2] M.C. Rillig, Microplastic in terrestrial ecosystems and the soil? Environ. Sci.
Technol. 46 (2012) 6453e6454.
[3] M. Cole, P. Lindeque, C. Halsband, T.S. Galloway, Microplastics as contaminants
in the marine environment: a review, Mar. Pollut. Bull. 62 (2011) 2588e2597.
[4] L. Mai, L.J. Bao, L. Shi, C.S. Wong, E.Y. Zeng, A review of methods for measuring
microplastics in aquatic environments, Environ. Sci. Pollut. Res. (2018).
https://doi.org/10.1007/s11356-018-1692-0.
[5] T.M. Karlsson, A.D. Vethaak, B.C. Almroth, F. Ariese, M. van Velzen,
M. Hassellov, H.A. Leslie, Screening for microplastics in sediment, water,
marine invertebrates and ﬁsh: method development and microplastic accumulation, Mar. Pollut. Bull. 122 (2017) 403e408.
[6] K. Zhang, W. Gong, J. Lv, X. Xiong, C. Wu, Accumulation of ﬂoating microplastics behind the three Gorges dam, Environ. Pollut. 204 (2015) 117e123.
[7] S.L. Wright, R.C. Thompson, T.S. Galloway, The physical impacts of microplastics on marine organisms: a review, Environ. Pollut. 178 (2013) 483e492.
[8] R. Sussarellu, M. Suquet, Y. Thomas, C. Lambert, C. Fabioux, M.E.J. Pernet, N. Le
Goïc, V. Quillien, C. Mingant, Y. Epelboin, C. Corporeau, J. Guyomarch,
J. Robbens, I. Paul-Pont, P. Soudant, A. Huvet, Oyster reproduction is affected
by exposure to polystyrene microplastics, Proc. Natl. Acad. Sci. U.S.A. 113
(2016) 2430e2435.
[9] J. Li, H. Liu, J.P. Chen, Microplastics in freshwater systems: a review on
occurrence, environmental effects, and methods for microplastics detection,
Water Res. (2017). https://doi.org/10.1016/j.watres.2017.12.056.
[10] L. Van Cauwenberghe, L. Devriese, F. Galgani, J. Robbens, C.R. Janssen,
Microplastics in sediments: a review of techniques, occurrence and effects,
Mar. Environ. Res. 111 (2015) 5e17.
[11] V. Hidalgo-Ruz, L. Gutow, R.C. Thompson, M. Thiel, Microplastics in the marine
environment: a review of the methods used for identiﬁcation and quantiﬁcation, Environ. Sci. Technol. 46 (2012) 3060e3075.
[12] C.B. Crawford, B. Quinn, 8 - Microplastic Collection Techniques, Microplastic
Pollutants, Elsevier, 2017, pp. 179e202.
[13] K. Zhang, J. Su, X. Xiong, X. Wu, C. Wu, J. Liu, Microplastic pollution of lakeshore sediments from remote lakes in Tibet plateau, China, Environ. Pollut.
219 (2016) 450e455.
[14] Y.Y. Tsang, C.W. Mak, C. Liebich, S.W. Lam, E.T. Sze, K.M. Chan, Microplastic
pollution in the marine waters and sediments of Hong Kong, Mar. Pollut. Bull.
115 (2017) 20e28.
[15] L. Su, Y. Xue, L. Li, D. Yang, P. Kolandhasamy, D. Li, H. Shi, Microplastics in
Taihu lake, China, Environ. Pollut. 216 (2016) 711e719.
[16] O. Guven, K. Gokdag, B. Jovanovic, A.E. Kideys, Microplastic litter composition
of the Turkish territorial waters of the Mediterranean Sea, and its occurrence
in the gastrointestinal tract of ﬁsh, Environ. Pollut. 223 (2017) 286e294.
[17] W. Wang, A.W. Ndungu, Z. Li, J. Wang, Microplastics pollution in inland
freshwaters of China: a case study in urban surface waters of Wuhan, China,
Sci. Total Environ. 575 (2017) 1369e1374.
[18] A.B. Silva, A.S. Bastos, C.I.L. Justino, J.P. da Costa, A.C. Duarte, T.A.P. RochaSantos, Microplastics in the environment: challenges in analytical chemistry e
A review, Anal. Chim. Acta 1017 (2018) 1e19.
[19] R. Dris, J. Gasperi, V. Rocher, B. Tassin, Synthetic and non-synthetic anthropogenic ﬁbers in a river under the impact of Paris Megacity: sampling
methodological aspects and ﬂux estimations, Sci. Total Environ. 618 (2018)
157e164.
[20] K. Zhang, X. Xiong, H. Hu, C. Wu, Y. Bi, Y. Wu, B. Zhou, P.K.S. Lam, J. Liu,
Occurrence and characteristics of microplastic pollution in Xiangxi Bay of
three Gorges Reservoir, China, Environ. Sci. Technol. 51 (2017) 3794e3801.
[21] A. Cincinelli, C. Scopetani, D. Chelazzi, E. Lombardini, T. Martellini,
A. Katsoyiannis, M.C. Fossi, S. Corsolini, Microplastic in the surface waters of
the Ross Sea (Antarctica): occurrence, distribution and characterization by
FTIR, Chemosphere 175 (2017) 391e400.

202

W. Wang, J. Wang / Trends in Analytical Chemistry 108 (2018) 195e202

[22] L.C. Woodall, A. Sanchez-Vidal, M. Canals, G.L. Paterson, R. Coppock, V. Sleight,
A. Calafat, A.D. Rogers, B.E. Narayanaswamy, R.C. Thompson, The deep sea is a
major sink for microplastic debris, Roy. Soc. Open Sci. 1 (2014) 140317.
[23] M.B. Zobkov, E.E. Esiukova, Microplastics in a marine environment: review of
methods for sampling, processing, and analyzing microplastics in water,
bottom sediments, and coastal deposits, Oceanology 58 (2018) 137e143.
[24] K. Ashton, L. Holmes, A. Turner, Association of metals with plastic production
pellets in the marine environment, Mar. Pollut. Bull. 60 (2010) 2050e2055.
[25] Y. Mato, T. Isobe, H. Takada, H. Kanehiro, C. Ohtake, T. Kaminuma, Plastic resin
pellets as a transport medium for toxic chemicals in the marine environment,
Environ. Sci. Technol. 35 (2001) 318e324.
[26] M. Claessens, S.D. Meester, L.V. Landuyt, K.D. Clerck, C.R. Janssen, Occurrence
and distribution of microplastics in marine sediments along the Belgian coast,
Mar. Pollut. Bullet. 62 (2011) 2199e2204.
[27] L. Van Cauwenberghe, A. Vanreusel, J. Mees, C.R. Janssen, Microplastic pollution in deep-sea sediments, Environ. Pollut. 182 (2013) 495e499.
[28] A.A. Horton, C. Svendsen, R.J. Williams, D.J. Spurgeon, E. Lahive, Large
microplastic particles in sediments of tributaries of the River Thames, UK abundance, sources and methods for effective quantiﬁcation, Mar. Pollut. Bull.
114 (2017) 218e226.
[29] H.K. Imhof, C. Laforsch, A.C. Wiesheu, J. Schmid, P.M. Anger, R. Niessner,
N.P. Ivleva, Pigments and plastic in limnetic ecosystems: a qualitative and
quantitative study on microparticles of different size classes, Water Res. 98
(2016) 64e74.
[30] M.A. Browne, P. Crump, S.J. Niven, E. Teuten, A. Tonkin, T. Galloway,
R. Thompson, Accumulation of microplastic on shorelines woldwide: sources
and sinks, Environ. Sci. Technol. 45 (2011) 9175e9179.
[31] J.P. Desforges, M. Galbraith, P.S. Ross, Ingestion of microplastics by
zooplankton in the northeast Paciﬁc ocean, Arch. Environ. Contam. Toxicol. 69
(2015) 320e330.
[32] F. Collard, B. Gilbert, P. Compere, G. Eppe, K. Das, T. Jauniaux, E. Parmentier,
Microplastics in livers of European anchovies (Engraulis encrasicolus, L.),
Environ. Pollut. 229 (2017) 1000e1005.
[33] F. Murray, P.R. Cowie, Plastic contamination in the decapod crustacean
Nephrops norvegicus (Linnaeus, 1758), Mar. Pollut. Bull. 62 (2011)
1207e1217.
[34] A.L. Lusher, N.A. Welden, P. Sobral, M. Cole, Sampling, isolating and identifying
microplastics ingested by ﬁsh and invertebrates, Anal. Meth. 9 (2017)
1346e1360.
[35] G. Vandermeersch, L. Van Cauwenberghe, C.R. Janssen, A. Marques, K. Granby,
G. Fait, M.J. Kotterman, J. Diogene, K. Bekaert, J. Robbens, L. Devriese, A critical
view on microplastic quantiﬁcation in aquatic organisms, Environ. Res. 143
(2015) 46e55.
[36] C. Eriksson, H. Burton, Origins and biological accumulation of small plastic
particles in Fur seals from Macquarie island, AMBIO J. Human Environ. 32
(2003) 380e384.
[37] C. Alomar, S. Deudero, Evidence of microplastic ingestion in the shark Galeus
melastomus Raﬁnesque, 1810 in the continental shelf off the western Mediterranean sea, Environ. Pollut. 223 (2017) 223e229.
[38] M.C. Fossi, L. Marsili, M. Baini, M. Giannetti, D. Coppola, C. Guerranti, I. Caliani,
R. Minutoli, G. Lauriano, M.G. Finoia, F. Rubegni, S. Panigada, M. Berube,
J. Urban Ramirez, C. Panti, Fin whales and microplastics: the Mediterranean
sea and the sea of Cortez scenarios, Environ. Pollut. 209 (2016) 68e78.
[39] L. Hoarau, L. Ainley, C. Jean, S. Ciccione, Ingestion and defecation of marine
debris by loggerhead sea turtles, Caretta caretta, from by-catches in the
South-West Indian Ocean, Mar. Pollut. Bull. 84 (2014) 90e96.
[40] L. Van Cauwenberghe, C.R. Janssen, Microplastics in bivalves cultured for
human consumption, Environ. Pollut. 193 (2014) 65e70.
[41] L.I. Devriese, M.D. van der Meulen, T. Maes, K. Bekaert, I. Paul-Pont, L. Frere,
J. Robbens, A.D. Vethaak, Microplastic contamination in brown shrimp
(Crangon crangon, Linnaeus 1758) from coastal waters of the southern north
sea and channel area, Mar. Pollut. Bull. 98 (2015) 179e187.
[42] J.S. Hanvey, P.J. Lewis, J.L. Lavers, N.D. Crosbie, K. Pozo, B.O. Clarke, A review of
analytical techniques for quantifying microplastics in sediments, Anal. Meth. 9
(2017) 1369e1383.
[43] C.B. Crawford, B. Quinn, 9 e Microplastic Separation Techniques, Microplastic
Pollutants, Elsevier, 2017, pp. 203e218.
[44] M.-T. Nuelle, J.H. Dekiff, D. Remy, E. Fries, A new analytical approach for
monitoring microplastics in marine sediments, Environ. Pollut. 184 (2014)
161e169.
€der, G. Gerdts, Methodology Used for the Detection and Identiﬁcation
[45] M.G.J. Lo
of MicroplasticsdA Critical Appraisal, 2015, pp. 201e227. https://doi.org/
10.1007/978-3-319-16510-3_8.
[46] H.K. Imhof, J. Schmid, R. Niessner, N.P. Ivleva, C. Laforsch, A novel, highly
efﬁcient method for the separation and quantiﬁcation of plastic particles in
sediments of aquatic environments, Limnol. Oceanogr. Meth. 10 (2012)
524e537.
[47] S. Huppertsberg, T.P. Knepper, Instrumental analysis of microplastics-beneﬁts
and challenges, Anal. Bioanal. Chem. (2018). https://doi.org/10.1007/s00216018-1210-8.

[48] M. Claessens, L. Van Cauwenberghe, M.B. Vandegehuchte, C.R. Janssen, New
techniques for the detection of microplastics in sediments and ﬁeld collected
organisms, Mar. Pollut. Bull. 70 (2013) 227e233.
[49] E.M. Foekema, C. De Gruijter, M.T. Mergia, J.A. van Franeker, A.J. Murk,
A.A. Koelmans, Plastic in north sea ﬁsh, Environ. Sci. Technol. 47 (2013)
8818e8824.
[50] C.M. Rochman, A. Tahir, S.L. Williams, D.V. Baxa, R. Lam, J.T. Miller, F.C. Teh,
S. Werorilangi, S.J. Teh, Anthropogenic debris in seafood: plastic debris and
ﬁbers from textiles in ﬁsh and bivalves sold for human consumption, Sci. Rep.
5 (2015) 14340.
[51] F. Gusmao, M.D. Domenico, A.C. Amaral, A. Martinez, B.C. Gonzalez,
K. Worsaae, J.A. Ivar do Sul, P. Cunha Lana, In situ ingestion of microﬁbres by
meiofauna from sandy beaches, Environ. Pollut. 216 (2016) 584e590.
[52] M. Cole, H. Webb, P.K. Lindeque, E.S. Fileman, C. Halsband, T.S. Galloway,
Isolation of microplastics in biota-rich seawater samples and marine organisms, Sci. Rep. 4 (2014) 4528.
[53] M.G.J. Loder, H.K. Imhof, M. Ladehoff, L.A. Loschel, C. Lorenz, S. Mintenig,
S. Piehl, S. Primpke, I. Schrank, C. Laforsch, G. Gerdts, Enzymatic puriﬁcation of
microplastics in environmental samples, Environ. Sci. Technol. 51 (2017)
14283e14292.
[54] L. Su, H. Cai, P. Kolandhasamy, C. Wu, C.M. Rochman, H. Shi, Using the Asian
clam as an indicator of microplastic pollution in freshwater ecosystems, Environ. Pollut. 234 (2018) 347e355.
[55] C.B. Crawford, B. Quinn, 10 e Microplastic Identiﬁcation Techniques, Microplastic Pollutants, Elsevier, 2017, pp. 219e267.
[56] Y.K. Song, S.H. Hong, M. Jang, G.M. Han, M. Rani, J. Lee, W.J. Shim,
A comparison of microscopic and spectroscopic identiﬁcation methods for
analysis of microplastics in environmental samples, Mar. Pollut. Bull. 93
(2015) 202e209.
[57] E. Fries, J.H. Dekiff, J. Willmeyer, M.T. Nuelle, M. Ebert, D. Remy, Identiﬁcation
of polymer types and additives in marine microplastic particles using
pyrolysis-GC/MS and scanning electron microscopy, Environ. Sci. Proc. Imp. 15
(2013) 1949e1956.
[58] W.J. Shim, S.H. Hong, S.E. Eo, Identiﬁcation methods in microplastic analysis: a
review, Anal. Meth. 9 (2017) 1384e1391.
[59] P.L. Corcoran, M.C. Biesinger, M. Griﬁ, Plastics and beaches: a degrading
relationship, Mar. Pollut. Bull. 58 (2009) 80e84.
[60] A.S. Tagg, M. Sapp, J.P. Harrison, J.J. Ojeda, Identiﬁcation and quantiﬁcation of
microplastics in wastewater using focal plane array-based reﬂectance microFT-IR imaging, Anal. Chem. 87 (2015) 6032e6040.
[61] A.M. Elert, R. Becker, E. Duemichen, P. Eisentraut, J. Falkenhagen, H. Sturm,
U. Braun, Comparison of different methods for MP detection: what can we
learn from them, and why asking the right question before measurements
matters? Environ. Pollut. 231 (2017) 1256e1264.
[62] C.F. Araujo, M.M. Nolasco, A.M.P. Ribeiro, P.J.A. Ribeiro-Claro, Identiﬁcation of
microplastics using Raman spectroscopy: latest developments and future
prospects, Water Res. 142 (2018) 426e440.
[63] A. Kappler, D. Fischer, S. Oberbeckmann, G. Schernewski, M. Labrenz,
K.J. Eichhorn, B. Voit, Analysis of environmental microplastics by vibrational
microspectroscopy: FTIR, Raman or both? Anal. Bioanal. Chem. 408 (2016)
8377e8391.
[64] M. Cole, P. Lindeque, E. Fileman, C. Halsband, R. Goodhead, J. Moger,
T.S. Galloway, Microplastic ingestion by zooplankton, Environ. Sci. Technol. 47
(2013) 6646e6655.
[65] A. Kappler, M. Fischer, B.M. Scholz-Bottcher, S. Oberbeckmann, M. Labrenz,
D. Fischer, K.J. Eichhorn, B. Voit, Comparison of mu-ATR-FTIR spectroscopy
and py-GCMS as identiﬁcation tools for microplastic particles and ﬁbers isolated from river sediments, Anal. Bioanal. Chem. (2018). https://doi.org/
10.1007/s00216-018-1185-5.
[66] E. Dumichen, P. Eisentraut, C.G. Bannick, A.K. Barthel, R. Senz, U. Braun, Fast
identiﬁcation of microplastics in complex environmental samples by a thermal degradation method, Chemosphere 174 (2017) 572e584.
[67] J.H. Dekiff, D. Remy, J. Klasmeier, E. Fries, Occurrence and spatial distribution
of microplastics in sediments from Norderney, Environ. Pollut. 186 (2014)
248e256.
[68] D.K. Kanhai, R. Ofﬁcer, O. Lyashevska, R.C. Thompson, I. O'Connor, Microplastic
abundance, distribution and composition along a latitudinal gradient in the
Atlantic Ocean, Mar. Pollut. Bull. 115 (2017) 307e314.
[69] P.J. Anderson, S. Warrack, V. Langen, J.K. Challis, M.L. Hanson, M.D. Rennie,
Microplastic contamination in lake winnipeg, Canada, Environ. Pollut. 225
(2017) 223e231.
[70] A.R. McCormick, T.J. Hoellein, M.G. London, J. Hittie, J.W. Scott, J.J. Kelly,
Microplastic in surface waters of urban rivers: concentration, sources, and
associated bacterial assemblages, Ecosphere 7 (2016) e01556.
[71] L. Van Cauwenberghe, M. Claessens, M.B. Vandegehuchte, C.R. Janssen,
Microplastics are taken up by mussels (Mytilus edulis) and lugworms (Arenicola marina) living in natural habitats, Environ. Pollut. 199 (2015) 10e17.

